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ABSTRACT: Nanosecond relaxation processes in sugar matrices are causally
linked through diffusional processes to protein stability in lyophilized
formulations. Long-term protein degradation rates track mean-squared
displacement (⟨u2⟩) of hydrogen atoms in sugar glasses, a parameter describing
dynamics on a time scale of picoseconds to nanoseconds. However,
measurements of ⟨u2⟩ are usually performed by neutron scattering, which is
not conducive to rapid formulation screening in early development. Here, we
present a benchtop technique to derive a ⟨u2⟩ surrogate based on the
fluorescence red edge effect. Glycerol, lyophilized trehalose, and lyophilized
sucrose were used as model systems. Samples containing 10−6 mole fraction of
rhodamine 6G, a fluorophore, were excited at either 532 nm (main peak) or
566 nm (red edge), and the ⟨u2⟩ surrogate was determined based the
corresponding Stokes shifts. Results showed reasonable agreement between
⟨u2⟩ from neutron scattering and the surrogate from fluorescence, although
deviations were observed at very low temperatures. We discuss the sources of the deviations and suggest technique
improvements to ameliorate these. We expect that this method will be a valuable tool to evaluate lyophilized sugar matrices with
respect to their ability to protect proteins from diffusion-limited degradation processes during long-term storage. Additionally,
the method may have broader applications in amorphous pharmaceutical solids.

KEYWORDS: protein stability, local dynamics, mean-squared displacement, Debye−Waller factor, fluorescence red edge effect,
neutron scattering, sucrose, trehalose, glycerol, sugar glass

■ INTRODUCTION

Since the discovery that carbohydrate glasses play a central role
in anhydrobiosis,1,2 the exercise of preserving therapeutic
proteins in sugar-based matrices, disaccharides such as sucrose
and trehalose in particular, has become widespread. While it is
desirable to ship and store therapeutic proteins in a solution,
they are often too unstable. In those cases, lyophilization is
chosen to slow the protein degradation. The ability to
formulate proteins in a dry state and then recover their
therapeutic functions after rehydration is of critical importance
to the biopharmaceutical industry.
While lyophilization has been practiced for decades,

predicting long-term stability of proteins in lyophilized form
still remain an empirical exercise. Lyophilized proteins can
degrade chemically through oxidation, deamidation, and
hydrolysis, or undergo physical changes leading to aggregation
upon rehydration, but the mechanisms that these processes
follow in the lyophilized form are uncertain.3 Hypotheses based
on thermodynamic stabilization of the protein and on kinetic
slowing of degradation processes are often held. Common
analytical metrics that follow from these hypotheses, secondary
protein structure and α relaxation, correlate with protein
stability in some cases, but are unreliable in others.

Cicerone and Douglas recently demonstrated that stability of
lyophilized formulations correlates strongly with fast, secondary
relaxation processes (βfast) of sugar glasses.

4 The mean-squared
displacement (⟨u2⟩) of hydrogen atoms in freeze-dried samples
on a nanosecond time scale was measured by using elastic
incoherent neutron scattering. A linear correlation was
observed between ⟨u2⟩−1 and the log of the aggregation or
chemical degradation rates for all proteins and formulations
studied. The authors considered formulations with different
sugars (sucrose or trehalose), storage temperatures (40 to 60
°C), and proteins of molecular weights ranging from lysozyme
(14 kDa) and a cytokine (19 kDa) to immunoglobulin G (IgG,
125 kDa). Similar measurements were made on other
formulations with a variety of proteins, including horseradish
peroxidase, yeast alcohol dehydrogenase, human growth
hormone (hGH), recombinant humanized monoclonal anti-
body, IgG1 fusion proteins, recombinant cytokines, recombi-
nant hGH, and keratinocyte growth factor-2.5−11 In all cases,
slower degradation rates tracked suppressed ⟨u2⟩ values,
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suggesting a very robust correlation and a possibly universal
relation that could be used for gauging long-term product
stability.
Causal Link between Long-Term Product Stability

and ⟨u2⟩. While the observed correlation between ⟨u2⟩ and
protein storage stability is compelling, relying solely on
correlations to make predictions is risky; unless one knows
the precise conditions under which the correlation will hold.
However, one can be confident in using such correlations for
prediction if causal links between the two correlating
parameters are firmly established and understood. A causal
link does exist between ⟨u2⟩ and protein stability for cases
where degradation processes are diffusion limited.12 In
amorphous solids, diffusion is controlled by fast, secondary
relaxation dynamics, and recently, a direct, analytical relation-
ship between the diffusion coefficient and ⟨u2⟩ has been
obtained.13,14 It is important to note that degradation processes
will sometimes not be diffusion limited, and thus may not track
secondary relaxation dynamics. This can be particularly
important at higher water content where degradation processes
involving water have been found to not be diffusion
limited.15−17 However, at low water content, degradation
processes involving water often appear to be transport limited,
and water transport is found explicitly to be coupled to
secondary motion in sugar glass.4,18,19

Given this, we suggest that ⟨u2⟩ measurements hold promise
as an important member of a toolkit needed to rapidly screen
formulation candidates and accelerate the decision-making
process in formulation development. The facts that ⟨u2⟩ data is
typically obtained through neutron scattering and that regular
access to a neutron scattering facility can be both expensive and
impractical, a suitable surrogate for ⟨u2⟩ is needed. Here we
present such a surrogate that we believe has the potential to
make an important contribution to formulation practice.
Measurements of ⟨u2⟩ and ⟨u2⟩ Surrogate. The mean-

squared displacement (⟨u2⟩) was initially used to characterize
atomic motions in crystals in the context of the Debye−Waller
factor (DWF), DWF = exp(−(Q2/6)⟨u2⟩), where Q is a
scattering vector.20 The derivation of the DWF is based on
assumptions that atoms oscillate harmonically around well-
defined and time-invariant average positions, which is arguably
good for crystals. The DWF was later proposed to also be
proportional to time scale for relaxation dynamics of glassy or
amorphous solids, even though the assumptions of harmonic
motion do not necessarily hold in these systems.21 Sub-
sequently through neutron scattering, Doster et al. showed that
a dynamical transition in myoglobin was accompanied by an
increase in amplitude of ⟨u2⟩, relating this signature to
biological function.22 Since that pioneering work, neutron
techniques have evolved from being predominantly used in
physics and have become an emerging tool in biophysical and
pharmaceutical research.23−27 Neutron scattering yields ⟨u2⟩
through the Q-dependence of the incoherent scattering
function, S(Q,ω). Equivalently, one also obtains ⟨u2⟩ from
the intermediate scattering function, F(Q,t), which is the
Fourier transform of S(Q,ω):

∫σ π
⟨ ⟩ = − σ

∞
−

⎡
⎣⎢

⎤
⎦⎥u

Q
F Q t t

6
ln

2
( , ) e dt2

2
t 0

( / )t
2

(1)

where σt is the coherence time of the neutron beam (σt is
related to the energy spread of the impinging neutron beam,
σω; for a Gaussian energy distribution, σt = 0.44/σω).

While ⟨u2⟩ is typically obtained using neutron scattering,
relevant dynamics on a nanosecond time scale can also be
probed by fluorescence methods. Recent work by Cicerone et
al. showed that a reliable surrogate for ⟨u2⟩ was derived through
the time-resolved fluorescence Stokes shift.28 A dynamic Stokes
shift is a change in the wavelength of light emitted from excited-
state fluorophores when their local environment relaxes.
Consider a fluorophore in a slowly relaxing medium, such as
a viscous solvent or lyophilized sugar glass. Upon absorption of
a photon, electrons in the fluorophore (probe) molecule
redistribute, leading to a nearly instantaneous increase in the
probe’s dipole moment (Figure 1). Immediately following the

excitation of the probe molecule, surrounding host molecules
tend to reorient in order to accommodate the new local electric
field. As host molecules adjust to the probe’s new electric field
profile, the energy difference between the ground and excited
states of most probe molecules is reduced. As a result, the
average emitted fluorescence shifts to longer wavelengths with
time as the matrix relaxes.
In their analysis, Cicerone et al. defined a decay function,

Φ(t), to describe the time dependence of the fluorescence shift:

ν ν
ν ν

Φ = − ∞
− ∞

t
t

( )
( ) ( )
(0) ( ) (2)

where ν(t) is the first moment average of emitted fluorescence
frequency (ν = c/λ) at time t. Data at t = 0 (immediately after
excitation) and t = ∞ (at sufficiently long time that the excited-
state solvent configuration is at equilibrium) are required to
calculate Φ(t). The ⟨u2⟩ surrogate was calculated from eq 3,
taking the same formalism as eq 1, and then scaled by 6/Q2 (eq
4):

∑ϕ σ = Φ σ− −t( ) ( ) e /e
i

i
t t

t
( / )i it

2

(3)

Figure 1. Top panel: Schematic of relaxation of host molecules and
corresponding time-dependent shifts after excitation. Arrows represent
dipole moment. Bottom panel: Schematic of fluorescence decay in
time domain. Black curve depicts the fluorescence decay when excited
at the main peak. Red curve depicts the relaxation of fluorophores
when excited at the red edge. Both approach ν(∞) at t = ∞.
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ϕ⟨ ⟩ = −u
Q
6

ln( )2
surrogate 2 (4)

where the index i runs from 1 to 8, denoting an eight-channel
detector from which the fluorescence measurements were
made.
With glycerol as a model system and rhodamine 6G as a

fluorophore, ⟨u2⟩ surrogate was obtained. Agreement between
the time-resolved fluorescence and neutron measurements was
exceedingly good; however, technical challenges prevented this
method from being used for samples in solid forms. As
discussed above, calculating the ⟨u2⟩ surrogate requires
information on ν(∞) or conditions in which the sample
relaxes completely within the fluorescence lifetime, i.e., a few
nanoseconds. This is only possible in low-viscosity liquids and
is certainly not achievable with lyophilized powders. In
addition, the time-resolved method requires a ballistic light
path (no physical scattering), a condition that cannot be
achieved with lyophilized powders in a routine testing
environment. Below, we describe an experimentally simpler
approach, where the constraints of ballistic photon transport
and complete relaxation within the fluorescence lifetime are less
stringent, making it applicable to lyophilized formulations.
Fluorescence Red Edge Effect. Fluorescence emission

spectra are often thought of as being independent of excitation
wavelength. This is true for fluorescent probes in low-viscosity
media, but the generalization breaks down for fluorophores in
rigid media. In highly viscous environments, the fluorescence
spectrum shifts to longer wavelengths when the excitation is on
the long-wavelength edge of the absorption spectrum, a
phenomenon known as the fluorescence red edge effect
(REE).29,30 The origin of this behavior is related to the fact
that fluorophore molecules exist in a distribution of electronic
energy states owing to their interactions with varying local
matrix environments. Those fluorophores in high-energy
environments can be promoted to a resonant electronic state
with a relatively low-energy photon, i.e., a photon at the red
edge of the absorption spectrum. These will likewise emit
fluorescence at longer (red-shifted) wavelengths, as long as the
high-energy environment of the matrix has not changed before
they emit a fluorescence photon and relax back to the ground
electronic state. However, excitation light at the main
absorption peak can excite essentially all fluorophores in the
matrix, leading to normal fluorescence emission. When matrix
reorganization is rapid with respect to the fluorescence lifetime,
the difference between fluorescence excited at the main peak
and at the red edge disappears; so this technique can be used to
monitor matrix dynamics on a nanosecond time scale. A
number of systems, including 2-(p-toluidinyl)naphthalene-6-
sulfonate in glycerol and rhodamine 6G in frozen ethanol, have
exhibited pronounced red-edge Stokes shifts when excited at
longer wavelengths.31,32

We can use this REE to remedy the difficulty of obtaining
ν(∞) in a time-resolved fluorescence experiment. The key lies
with the equilibrium orientation of dipoles at t = ∞. Regardless
of the initial solvent interactions, the same average solvent
configuration is attained after a sufficiently long time; so νmain

(∞) = νedge (∞) (Figure 1). Consider the decay function, Φ(t),
at two different excitation wavelengths (eqs 5 and 6). Because
of the energy equivalence at t = ∞, the decay function can be
cast in terms of spectral differences, as shown in eq 7. In other
words, molecular relaxation is obtained without knowing ν(∞),
but by evaluating at two experimental conditions: excitation of

the whole fluorophore population (at main peak) and of the
part with the highest electronic energy state (at red edge).

ν ν
ν ν

Φ = − ∞
− ∞

t
t

( )
( ) ( )
(0) ( )

main
main main

main main (5)

ν ν
ν ν

Φ = − ∞
− ∞

t
t

( )
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(0) ( )
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edge edge
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(6)
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Φ = Φ − Φ = −
−

Δ t t t
t t

( ) ( ) ( )
( ) ( )
(0) (0)

main edge
main edge

main edge

(7)

Equation 7 shows that one can obtain Φ(t) without the need
to obtain ν(∞). If we assume that νmain(t) = aνedge(t), where a
is a scalar, then ΦΔ(t) has the same functional form as Φmain(t)
or Φedge(t). In other words, if the spectra resulting from main
excitation and red edge excitation have the same relaxation
shape, the difference will have the same shape as well. Time-
resolved red edge fluorescence has already been used to study
the dynamics of phospholipid membranes and tryptophan
residue in staphylococcal nuclease.33,34 In this article, we show
that the fluorescence REE can be used in steady-state to
calculate a reasonable surrogate for ⟨u2⟩ without the need for
measuring a time-dependent relaxation and thus can be used to
evaluate the fast dynamics of lyophilized sugar matrices and
predict the stability of protein formulations.

■ MATERIALS AND METHODS
Materials and Sample Preparations. Sucrose (≥99.5%

nominal purity), rhodamine 6G (R6G, bioreagent for
fluorescence), and glycerol were obtained from Sigma-Aldrich
(St. Louis, Missouri). Trehalose dihydrate (high purity, low
endotoxin grade) was obtained from Pfanstiehl (Waukegan,
Illinois). Diluted solution of glycerol with R6G at 50 μmol/L
was prepared. Lyophilized trehalose or sucrose with 10 μmol/L
of R6G was prepared using the same procedures previously
published.10,35 Sugar glasses were stored at 253 K prior to use.

Instrument Design and Fluorescence Measurements.
The design of the steady-state fluorescence spectrometer is
detailed in Figure 2, and a brief description follows. For the
main peak fluorescence (Figure 2a), light generated from a
wide-field light source (X-Cite 120, Lumen Dynamics Group,
Ontario, Canada) enters into the back port of an inverted
fluorescence microscope (Axiovert 200M, Carl Zeiss, Gottin-
gen, Germany). It passes through a band-pass filter with central
wavelength at 532 nm and nominal full width at-half-maximum
bandwidth of 2 nm (532 nm MaxLine laser cleanup filter,
Semrock, Rochester, New York). The 532 nm light is directed
onto a semitransparent dichroic mirror and is reflected by the
mirror up through a 5× , 0.13 numerical aperture epi-plan
objective (Carl Zeiss) onto the sample, which is on a
microscope stage with enclosure (LTS350, Linkam Scientific
Instruments, Surrey, United Kingdom). The sample is under a
constant nitrogen flow and at various temperatures using an
external controller (TMS94, Linkam Scientific Instruments).
The backscattered light is transmitted through the objective
lens, dichroic mirror, and long-pass filter with optical density >6
at 532 nm (532 nm RazorEdge ultrasteep long-pass edge filter,
Semrock) to block excitation light. Emission light is collected
out of the side port of the microscope, introduced into a
spectrograph with 300 line/mm grating (Acton SP2300,
Princeton Instruments, Acton, Massachusetts), and analyzed
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with a charge-coupled device (CCD) camera (iXon+, DU-
888D-C00-#BV, Andor Technology, South Windsor, Connect-
icut). For each measurement, approximately 10 mg of sample
was used. The spectral region between 510 and 650 nm across
1024 pixels of the CCD chip was collected.
For the red edge fluorescence (Figure 2b), a 75 mW laser

beam with central wavelength at 566 nm (Sapphire 568-75 laser
system, Coherent, Santa Clara, California) was used for
excitation. The backscattered fluorescence light is spatially
filtered by focusing it onto a 150 μm pinhole (Precision
pinhole, Thorlabs, Newton, New Jersey). Afterward, two 10×
epi-plan objectives (Carl Zeiss) were used to focus and
collimate the filtered light. The spatially filtered and collimated
fluorescence light was then passed through three 566 nm notch
filters with optical density of 3 (OptiGrate, Oviedo, Florida) to
block the laser light. The spectral region between 530 and 670
nm was collected.
Neutron Scattering Measurements. The high flux

backscattering spectrometer (HFBS) at NIST Center for
Neutron Research was used to obtain ⟨u2⟩. HFBS operates
with an incident neutron wavelength of 6.271 Å and a 0.85 meV
full width at half-maximum energy resolution. Approximately
350 mg of freeze-dried samples were spread onto aluminum foil
and then loaded into aluminum sample cells inside of a helium

or argon glovebox at room temperature. The sample cells were
then hermetically sealed with indium o-rings and tightened with
aluminum screws. The relative humidity in the glovebox was
approximately 0.2%. HFBS was operated in the fixed-window
scan mode with the samples cooled from 324 to 4 K at 0.7 K
per minute, below the glass transition temperatures of
amorphous sucrose or trehalose. The elastic scattering intensity
was analyzed to extract ⟨u2⟩, same as previously described.10,35

■ RESULTS AND DISCUSSION
Surrogate for ⟨u2⟩ from Fluorescence REE. An example

of the steady-state fluorescence spectra from glycerol
containing 50 μmol/L R6G is shown in Figure 3. We used

the first moment average of fluorescence spectra to extract a
surrogate for ⟨u2⟩; the difference between the average
fluorescence frequencies when excited at the main peak (532
nm) or the red edge (566 nm) serves as an input to eq 7. The
first moment average of the fluorescence spectrum was
calculated as follows: The spectra were transformed to
frequency domain by ν = c/λ, and the first moment was
obtained as ν ̅ = ∑[I(ν)ν]/∑[I(ν)], where I(ν) is the spectral
amplitude at each frequency.
This is a trivial process for the main peak-excited

fluorescence (Figure 3a). However, the red edge fluorescence
spectrum overlaps with its excitation light, as illustrated by the
sharp peak at 566 nm position superimposed on the emission

Figure 2. Schematic of fluorescence instrument design. (a) Excitation
at 532 nm (main peak); (b) excitation at 566 nm (red edge).

Figure 3. Fluorescence spectra of glycerol containing 50 μmol/L
rhodamine 6G. (a) Main-peak emission spectrum; (b) red-edge
emission spectrum with superimposed excitation laser light; (c) first
derivative of the red-edge emission spectrum; (d) red-edge emission
spectrum with excitation light removed and peak fitted with a single
Gaussian function.
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spectrum (Figure 3b). Experimentally, the excitation light was
rejected by notch filters. In order to properly obtain the first
moment average of the red edge fluorescence frequency, we
must first remove this discontinuity in the spectrum. To do
that, we calculated the first derivative of the spectrum to locate
the wavelength interval where the laser line rejection begins and
ends (Figure 3c). This step is necessary because we want to
remove only the spectral region of the excitation peak while
keeping the overall spectral profile with minimal alteration. The
amplitude of the emission spectrum in the deleted interval was
estimated by fitting the affected section of the spectrum with a
single Gaussian function (Figure 3d).
Subsequently, the first moments of the main peak and red

edge fluorescence, in terahertz, were calculated (inset in Figure
4). As expected, the difference between these, or the REE, was

maximal at low temperature, where glycerol is a glass. At
elevated temperatures, glycerol became less viscous, and the
emission spectra gradually approached convergence.
By assuming that the kinetics of spectral relaxation for both

main and edge excitations are adequately described by an
exponential decay function, we derived an equation to calculate
the relaxation time (τR) as a function of temperature
(derivation of eq 8 is given in the Supporting Information):

ν ν
ν ν

τ
τ τ

̅ − ̅
̅ − ̅

=
+

main edge

0
main

0
edge

R

R F (8)

where ν ̅main and ν ̅edge correspond to the first moments of
fluorescence signals excited at 532 and 566 nm at a particular
temperature, respectively. The subscript “0” in ν ̅0main and ν ̅0edge
denotes first moments at the lowest temperature. Note that eq
8 reiterates eq 7, taking the same format of spectral difference
by eliminating ν(∞). Fluorescence lifetime (τF) of R6G in
glycerol was assumed to be 3.4 ns, as obtained from our
previous measurements, and consistent with other published
literature.28,36

Obtaining τR allows us to estimate the relaxation dynamics of
the matrix. Assuming an exponential relaxation, we can

calculate a surrogate for ⟨u2⟩ using an analogue of the
expression in square brackets of eq 1:

∫
∫
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τ σ
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(9)

where σs is the coherence time of the neutron beam (2.2 ns)
and erfc(x) is the complementary error function. As with the
time-resolved experiments, we calculated the surrogate for ⟨u2⟩
as ⟨u2⟩surrogate = −(6/Q2) ln (ϕ) and plotted it as a function of
temperature, along with the actual ⟨u2⟩ from neutron scattering
(Figure 4).
Reasonable agreement between ⟨u2⟩ and its surrogate can be

found, with deviations in the low-temperature region (T < 280
K). This is different from the time-resolved experiment, where
exceptionally good matches were obtained at all temperatures.
We suggest several contributing factors to the deviations. First,
in neutron scattering measurements, T = 4 K is taken as the
reference temperature, at which molecular motions are
essentially frozen (⟨u2⟩ ≈ 0 Å2). In red edge experiments, the
calculations of τR and the ⟨u2⟩ surrogate are based on the
limiting values of the REE at the lowest temperature we can
measure (ν̅0

main − ν ̅0edge). In our experiment, the lowest
temperature we could reliably reach was 150 K, where high-
frequency local motions are not completely suppressed. Using a
cryo-temperature controller capable of reaching a much lower
temperature range would reduce the source of this error.
Second, the current experiment provides only a time-integrated
signal, so we cannot know the shape of the actual relaxation
function. For simplicity, we have assumed that this function is
exponential, but this is most likely an oversimplification.
Because of the complexity of relaxation in glassy systems, the
kinetics of relaxation processes would be better described by a
stretched exponential model. The shape of this function will
have some impact on the temperature dependence of our ⟨u2⟩
surrogate, particularly at low temperatures. The steady-state
configuration was a necessary trade-off that enabled measure-
ments on highly scattering samples and an instrument that was
sufficiently robust to be used in an industrial environment.
Having obtained acceptable results in the case of glycerol, we

performed the same measurements and calculations on
lyophilized sucrose and trehalose (Figure 5). At a temperature
range of 250 to 320 K, the agreement between ⟨u2⟩ and its
surrogate is similar to that seen in glycerol. It is noteworthy that
this temperature range is most crucial to product development,
distribution, use, and storage. More importantly, the differences
between trehalose and sucrose can be clearly seen. The ability
of the method to distinguish between materials with only small
differences in their fast dynamics is necessary in identifying
formulation candidates that are likely to outperform others. On
the basis of the uncertainties in the measurements shown here
and the dependence of degradation rate on ⟨u2⟩, the technique
as demonstrated should have moderately good discriminating
power between well-performing and poorly performing
formulations. Multiple measurements on the best candidates
would reduce the error bars and lead to improved performance.
We further made measurements on lyophilized hydroxyethyl

starch (HES) containing sucrose at different concentrations
(ϕsucrose = 0, 0.2, 0.5, and 0.8 by mass). Previously, the stability
of recombinant hGH lyophilized with HES-sucrose at the same
proportions was evaluated, i.e., aggregation, deamidation, and
oxidation.10 Figure 6a shows that the aggregation rate constant

Figure 4. Plot of ⟨u2⟩ from neutron scattering (curve) and ⟨u2⟩
surrogate (Debye−Waller factor surrogate) from fluorescence
(symbol) as a function of temperature for glycerol. (Inset) Calculated
first moment averages from the emission spectra excited at main peak
(black) or red edge (red). Error bars represent one standard deviation.
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clearly tracked the amplitude of ⟨u2⟩ as discussed above, with
faster aggregation corresponding to larger ⟨u2⟩.35 Changes in
deamidation rate between one formulation and another were
smaller than the uncertainty of the measurement in most cases,
but in the one case where the difference in rate constants was
significant, a corresponding difference in ⟨u2⟩ was also
observed. Figure 6b shows that the REE measurements gave
the same rank order as ⟨u2⟩, corroborating that the technique is
capable of sorting out better-performing candidates from
others.
We point out that, while the trends of ⟨u2⟩ and its surrogate

in Figure 6 agree, the absolute magnitude of ⟨u2⟩ and our

surrogate calculation from REE differ by ∼2×. We have used
the same multiplicative factor that was used to translate the
REE data to ⟨u2⟩ surrogate for earlier examples (glycerol,
sucrose, and trehalose). One possible reason for the
discrepancy is that neutron and fluorescence measurements
were not performed on the same samples, and there may have
been some differences in formulation or processing between
the two sets of samples. As ⟨u2⟩ is inherently related to the
properties of the glass, such as residual water content and
density, it is not particularly surprising that the ⟨u2⟩ and the
surrogate do not match in this case. Another and more likely
scenario is that the Q-value used in eq 4 may need to be slightly
different for polymer-containing samples. In any event, the
correct rank order illustrates the reliable predictions from the
technique.
Finally, given that the fluorescence red edge phenomenon

was discovered in the 1970s, why did it take so long to find its
way to biopharmaceutical applications? We want to reiterate
that the connection between nanosecond dynamics of glassy
materials and long-term product stability was previously not
realized. Only since the causal relation between protein stability
and local mobility in the glassy state has become better
understood, through experimental observations4 and molecular
dynamics simulations,37,38 has there been an impetus to search
for simple methods that probe relevant dynamic time scales. As
exemplified by the results discussed above, our method
described herein demonstrates good potential for use in
biopharmaceutical applications, albeit further instrument fine-
tuning could be useful.

Analytical Techniques to Probe Fast Dynamics. In this
investigation, we used neutron backscattering as a benchmark
to evaluate the fast dynamics of lyophilized sugar matrices,
comparing these measurements with fluorescence red edge
measurements. As applied here, neutron backscattering
provides an average measure of material dynamics within a
fixed time window, ∼2 ns for the instrument we used (NG2
HFBS at NIST/NCNR). The fluorescence red edge measure-
ments provide a similar average measure of dynamics, also in a
fixed window mode, with the time window determined by the
fluorescence lifetime of the dye (∼3 ns for R6G). For these
reasons, the direct comparison between neutron backscattering
and REE is appropriate. There are other notable approaches for
measuring material dynamics, including dielectric relaxation,
solid-state NMR, and low-frequency Raman spectroscopies.
While each may provide a metric for slightly different aspects of
dynamics than that given by REE, each can provide useful
information in its own right.
Of the three alternative methods mentioned above, dielectric

relaxation spectroscopy (DRS) and NMR have been used more
commonly to characterize lyophilized powders. DRS provides a
susceptibility measure for permanent dipole reorientation and
translational motion of charges. It has been found that, within a
scaling factor, DRS can yield the same relaxation times as
fluorescence Stokes shifts (the phenomenon underlying
REE).39 However, DRS is applicable only from mHz to MHz
for lyophilized powders. At higher frequencies (such as those
probed by REE), spurious signals due to air−solid interface
dominate, and relaxation behavior cannot be recovered. NMR
and Raman scattering can easily reach GHz and THz frequency
ranges.
Low-frequency Raman scattering typically covers a frequency

range of 300 GHz to 3 THz (corresponding wavenumber range
of 10 to 100 cm−1), and measures fluctuations of the optical

Figure 5. Plot of ⟨u2⟩ from neutron scattering (curve) and ⟨u2⟩
surrogate (Debye−Waller factor surrogate) from fluorescence
(symbol) as a function of temperature for lyophilized trehalose
(blue, triangle) and lyophilized sucrose (red, square). Error bars
represent one standard deviation. (Inset) ⟨u2⟩ from neutron scattering.
The lines are guides for the eye.

Figure 6. (a) Degradation rates of recombinant human growth
hormone lyophilized with hydroxyethyl starch (HES)-sucrose at T =
323 K (left axis). Columns correspond to rates of aggregation (gray),
deamidation (pink), and oxidation (yellow). The degradation rates
track the ⟨u2⟩ of glassy HES-sucrose matrices from neutron
measurements [symbol (red); right axis]. Data obtained from refs
10 and 35. (b) ⟨u2⟩ surrogate from fluorescence red edge
measurements (T = 322 K). Error bars represent one standard
deviation.
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polarizability (refractive index). The optical polarizability tensor
is tied to the molecular axis, and thus, polarizability fluctuations
correspond to molecular motion. However, an excess density of
vibrational states can appear in this frequency window, and the
nature of that motion is still under investigation. Thus, while
low-frequency Raman scattering may be an interesting
technique for characterizing these samples, it is not obvious
yet to us how results from that method and results from REE
should be compared.
Of the alternative methods discussed here, data from NMR

are probably the most straightforward to interpret in a
molecular frame. NMR measures the motion of nuclear spins,
through spin−lattice relaxation times (T1) on a picosecond to
nanosecond time scale, and spin−lattice relaxation times in the
rotating frame (T1ρ) on a microsecond to millisecond time
scale, similar to the time scale of REE or neutron scattering.
Several studies have found good correlations between these
relaxation times and pharmaceutical stability in solid
formulations.15,40−42 In future work, we will compare dynamic
signatures derived from REE with those obtained from NMR
and low-frequency Raman measurements.
Broader Pharmaceutical Applications. While this study

has focused on lyophilized therapeutic proteins, the REE
probes the dynamics of amorphous solids and is thus expected
to be useful for many other applications. Lyophilized
therapeutic protein products can often be held under
refrigeration, so that storage stability is not a major issue.
However, many vaccine formulations must remain stable and
active without cold chain storage, even after long-term exposure
to temperatures 37 °C or higher.43 This presents a much more
stringent challenge to development. A rapid, predictive measure
of formulation stability could be very useful in these situations.
Also, biologicals in frozen state may benefit from the rapid
formulation evaluation method discussed here since elevated
temperature accelerated stability studies are not possible for
frozen formulations.
In addition to biopharmaceutical applications, the red edge

technique can be extended to small-molecule pharmaceuticals
as well. Much attention has been given in recent years to
pharmaceutical amorphous solids, which are utilized to enhance
aqueous solubility and dissolution rate.44−46 These materials,
being at a higher free energy state, have the tendency to
crystallize spontaneously, which diminishes their intended
utility. Mobility of the glassy solids undoubtedly plays
important roles in recrystallization of amorphous formula-
tions.47 As mobility is likely driven by fast dynamics, the
fluorescence red edge approach may serve to shed new insights
on the behavior of these glassy systems, possibly leading to
better predictive models relating molecular mobility and
stability of amorphous pharmaceuticals.

■ CONCLUSIONS AND FUTURE WORK
Research has shown that ⟨u2⟩, a measure of molecular dynamics
on a nanosecond time scale, is causally linked with the long-
term stability of lyophilized protein formulations. Since neutron
scattering is required to obtain ⟨u2⟩, the technique is not
conducive to an industrial environment. In this work, we
presented a benchtop approach based on the steady-state
fluorescence REE to obtain a surrogate for ⟨u2⟩. Lyophilized
sucrose, lyophilized trehalose, and glycerol were each used as
model systems. The results showed reasonable agreement
between ⟨u2⟩ from neutron scattering and the surrogate from
fluorescence. Even with deviations in the low-temperature

region, the results are acceptable and sufficiently precise for
approximate ranking of formulations with respect to their
dynamics on nanosecond time scale, and thus, these
formulations likely have a performance as protein stabilizing
agents. There should be few barriers to implementing the red
edge technique in industrial or research laboratories. The
current optical module can be built into a more compact, single
enclosure at relatively modest costs. Sample preparation is
minimal, and high quality spectra can be acquired rapidly, i.e.,
in a few seconds.
Moving forward, we intend to address some of the systematic

errors intrinsic to the current approach and investigate a variety
of protein formulations. We expect that this method will
become a valuable tool to evaluate the nanosecond time scale
dynamics of lyophilized sugar matrices and protein formula-
tions and predict the product stability. Additionally, it may have
broader applications in studying pharmaceutical amorphous
solids.
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